The engineering of functional skeletal muscle tissue substitutes holds promise for the treatment of various muscular diseases and injuries. However, no tissue fabrication technology currently exists for the generation of a relatively large and thick bioartificial muscle made of densely packed, uniformly aligned, and differentiated myofibers. In this study, we describe a versatile cell/hydrogel micromolding approach where polydimethylsiloxane (PDMS) molds containing an array of elongated posts were used to fabricate relatively large neonatal rat skeletal muscle tissue networks with reproducible and controllable architecture. By combining cell-mediated fibrin gel compaction and precise microfabrication of mold dimensions including the length and height of the PDMS posts, we were able to simultaneously support high cell viability, guide cell alignment along the microfabricated tissue pores, and reproducibly control the overall tissue porosity, size, and thickness. The interconnected muscle bundles within the porous tissue networks were composed of densely packed, aligned, and highly differentiated myofibers. The formed myofibers expressed myogenin, developed abundant cross-striations, and generated spontaneous tissue contractions at the macroscopic spatial scale. The proliferation of non-muscle cells was significantly reduced compared to monolayer cultures. The more complex muscle tissue architectures were fabricated by controlling the spatial distribution and direction of the PDMS posts.
Introduction
The reconstruction of the lost skeletal muscle tissue function caused by congenital defects, tumor ablation, prolonged denervation, traumatic injury, or different myopathies [1] is hampered by the lack of functional tissue substitutes. Current surgical treatments including autologous muscle transplantation and transposition only yield a limited degree of success [2] . An alternative approach is the transplantation of exogenous myogenic cells (satellite cells and myoblasts) in the site of injury. However, previous clinical trials with intramuscular injection of skeletal myoblasts yielded poor outcomes due to inadequate distribution and low retention and survival of the injected cells [1] . The implantation of an engineered skeletal muscle tissue, although surgically more complex, holds potential to improve retention and survival of the transplanted cells [3] . In addition, the shape and architecture of the engineered muscle could be pre-designed for the precise structural repair at the site of damage (e.g., during craniofacial reconstruction). The engineered muscle could also be preconditioned for specific mechanically or metabolically demanding host environments (e.g., sarcopenic muscle in the elderly or at the site of traumatic injury). Upon implantation, the tissue graft is expected to incorporate into the host neuromuscular system and directly augment the compromised muscle function while potentially being designed to exert additional regenerative effects via localized delivery of angiogenic and anti-apoptotic paracrine factors.
From a biomimetic perspective, an ideal engineered skeletal muscle tissue needs to: 1) be adequately large and thick, 2) consist of densely packed and highly differentiated myofibers, and 3) mimic the aligned architecture of native muscle in order to generate sufficient and appropriately distributed active forces for the effective restoration of the impaired muscle function. However, the current methods to align skeletal muscle cells in 3 dimensions rely on the constraint of cell growth within single, few hundred μm thick muscle bundles that generate active forces more than an order of magnitude lower than normal adult muscle [4, 5] . Recent attempts to grow larger muscle tissues with aligned cells have included successive layering of collagen matrix and the seeding of myoblasts in a Petri dish to produce dense, 100-150 μm thick muscle sheets [6] and the use of relatively thick (2-2.5mm) polymer scaffolds with oriented pores seeded with C2C12 cells [7] . Nevertheless, the inability to provide sufficient oxygen and nutrient supply to match the high metabolic demand of differentiated engineered muscle [8] and the lack of reliable and reproducible methods to control muscle cell density and alignment within a relatively large tissue volume still remain as the main obstacles to the in vitro fabrication of clinically relevant bioengineered muscle.
Recently, we utilized sucrose leaching to produce porous, oriented poly(lactic-co-glycolic) acid scaffolds that supported 3-D cardiac cell alignment and anisotropic electrical propagation over a relatively large area (∼1-2 cm 2 ) [9] . However, the mechanical rigidity of the scaffold, which prevented macroscopic tissue contractions and the inability to control the tissue anisotropy by controlling the scaffold structure were the major drawbacks of this approach. Bioactive hydrogels, on the other hand, are attractive scaffold materials for the engineering of skeletal muscle, because they allow for spatially uniform cell entrapment, high ultimate cell density due to significant cell-mediated gel compaction [10, 11] , control of cell alignment by application of specific geometrical constraints [12] , and macroscopic tissue contractions. Despite being difficult to be chemically manipulated and having significant batch-to-batch variability, natural hydrogels (e.g., collagen [5, 13] , matrigel [5, 13] and fibrin [4] ) still appear to be superior to synthetic hydrogels for muscle tissue engineering primarily due to the higher density of cell adhesion sites required for the 3D cell spreading. Recently, methods for photo- [14] and soft-lithographic [15] micropatterning of hydrogels have been applied to the engineering of complex hepatic [14] and vascular tissue structures [16] . These rapid prototyping techniques enable reproducible design of scaffold geometry [17] , systematic control of porosity and pore interconnectivity [18] , precise positioning of one or more cell types in the desired 3D configuration [15] , and layered assembly of 3D objects [14] , all of which may facilitate the reproducible engineering of customized muscle tissue architectures.
In this study, we developed a cell/hydrogel micromolding approach to fabricate relatively large (0.5-2 cm 2 ) and thick (127-384 μm) skeletal muscle tissue networks with dense, aligned and highly differentiated muscle fibers. Specifically, a cell/hydrogel mixture was cast inside microfabricated polydimethylsiloxane (PDMS) molds with staggered elongated posts to create porous tissue networks. We hypothesized that the control of the network pore size and elongation will enable: 1) increased cell viability due to improved nutrient and oxygen transport through the network pores and 2) effective and uniform cell alignment along the repetitive pore boundaries [12, 15] . Using primary skeletal myoblasts from neonatal rats and the mouse C2C12 myoblast cell line, we demonstrated the high versatility of this technique including the ability to accurately and reproducibly vary the engineered tissue size, thickness, porosity and the spatial distribution of cell alignment.
Materials and Methods

Fabrication of Tissue Molds
Tissue molds made of polydimethylsiloxane (PDMS, Dow Corning, Midland, MI) were created by casting against patterned master templates (Figure 1.A) . We compared two approaches for master fabrication: 1) standard photolithography with SU-8 photoresist (Microchem, Newton, MA) and 2) rapid photopatterning with a thiolene-based optical adhesive, Norland 81 (Norland Products, Cranbury, NJ) [19] . Photomasks were designed using Postcript language and printed at high resolution (6.35 μm/pixel) on transparencies (Advance reproductions, North Andover, MA). For standard photolithography, silicon wafers (Wafer World Inc., West Palm Beach, FL) were cleaned in H 2 O 2 / H 2 SO 4 (1:3, v/v) solution and treated with UV-generated ozone (PSD-UVT system, Novascan Technologies Inc, Ames, IO). The cleaned wafers were coated with a 1-2 mm thick layer of SU-8 100 photoresist, prebaked overnight, cooled, and exposed to UV through a photomask using a vacuum mask aligner (Suss MicroTec, Garching, Germany). Exposed masters were postbaked, cooled, developed in propylene-glycol-methyl-ether-acetate (PGMEA, Sigma, St. Louis, MO) solution, rinsed with isopropyl alcohol, dried and silanized overnight to facilitate PDMS removal. For rapid photopatterning with Norland 81, the liquid adhesive was poured within a ∼1mm thick PDMS spacer on a glass slide and covered by the photomask coated with a thin layer of PDMS. After a short UV exposure, the photomask and the PDMS spacer were removed and the glass slide with the patterned adhesive was immersed in acetone to dissolve the uncrosslinked adhesive residuals. The slide was dried with nitrogen, exposed to UV to solidify the adhesive and baked overnight at 50°C. Dip-coating of Novec™ EGC-1700 reagent (3M, St. Paul, MN) was utilized to prevent PDMS adhesion. The dimensions of the fabricated master templates were visualized and measured by a 3D optical profiler (ZYGO, Middlefield, CT). The PDMS prepolymer mixture was degassed, poured onto the master templates and baked overnight at 80°C. The polymerized PDMS was carefully peeled off the master template to yield a replica of the tissue mold. The dimensions, shape, and orientation of the PDMS posts within the mold were varied by the use of different photomasks to microfabricate the corresponding masters. A PDMS mold without the posts and otherwise with identical dimensions was used for the fabrication of non-porous tissue sheets.
Culture of C2C12 myoblasts
Murine C2C12 myoblasts (< 4 passages; American Type Culture Collection, Manassas, VA) were maintained at below 70% confluence in growth medium containing DMEM (American Type Culture Collection), 10% fetal bovine serum (Gibco, Carlsbad, CA) and 1% penicillinstreptomycin (Gibco).
Isolation of primary skeletal myoblasts
Primary rat skeletal myoblasts (rSKM) were isolated as described by De Deyne [20] . Briefly, muscle tissue from the lower hindlimbs of 2∼3 day old Sprague-Dawley rats was dissected, separated from bones and connective tissue, minced into a coarse slurry, pooled in a 60mm dish and treated with 1mg/ml collagenase (Worthington, Lakewood, NJ) in Wyles solution (137mM NaCl, 5mM KCl, 21mM HEPES, 0.7mM Na 2 HPO4, 100mM glucose, and 0.1 mg/ ml BSA) for 2 hrs at 37°C. The slurry was passed through a 40μm strainer (BD), centrifuged, resuspended in growth medium (DMEM (Gibco),10% fetal bovine serum, 0.5% penicillinstreptomycin and 0.1% gentamicin (Gibco)) and preplated for 30 min at 37°C to reduce the portion of fibroblasts and obtain an enriched myoblast population. 
Micromolding of cell/hydrogel networks
The PDMS molds were treated with air plasma (March Instruments, Concord, CA) to increase the surface hydrophilicity, sterilized with ethanol, coated with 0.2% (w/v) pluronic F-127 (Molecular probes, Eugene, OR) to prevent gel adhesion, rinsed and dried with nitrogen. The cell/gel mixture consisted of different volume ratios of fibrinogen (2mg/ml) (Sigma) and collagen type I (1mg/ml) (BD, Franklin Lakes, NJ) [11] . Polymerization in gels containing fibrinogen was initiated by the addition of 0.4U thrombin (Sigma) per mg of fibrinogen. NaOH was used to adjust the pH in collagen containing gels. Matrigel (BD) was added to all gels at 10% (v/v) to support faster cell spreading, Cells were added to the cold hydrogel solution to yield final concentrations of 5×10 6 cells/ml for C2C12 myoblasts and 10×10 6 cells/ml for rSKMs.
The 100-600μl of cell/gel mixture was injected into the PDMS molds and allowed to gel in the incubator for 1hr (Figure 1 .B). A rectangular Velcro® frame pinned to the PDMS mold provided an anchor for the gels which were fully attached to the frame in one direction and via three thin connections in the perpendicular direction ( Figure 1.C and D) . The frame served not only to facilitate the handling and transfer of the gel networks during analysis but also to provide additional alignment cues by exerting uniaxial passive tension on the cells [12] . After 3 days, growth medium in the monolayers and in the cell/hydrogel cultures was switched to a differentiation medium (DMEM, 3% horse serum (Hyclone, Logan, UT), 0.5% penicillinstreptomycin and 0.1% gentamicin) to induce myotube formation. For fibrin containing gels, medium was supplemented with 1mg/ml ε-aminocaproic acid (Sigma) to prevent fibrin degradation by serum plasmin.
Analysis of Gel Compaction
Two hundred μL of gel solution (with collagen:fibrin volume ratios of 1:0, 3:1, 1:1, 1:3, or 0:1) containing 5×10 6 Cell Tracker Green (Molecular probes) labeled C2C12 myoblasts per ml of gel were allowed to polymerize inside the wells of a 24-well plate previously coated with 0.2% pluronic F-127 and rinsed with PBS. The diameters of the resulting free-floating discs (relative to the well size) were measured daily starting from culture day 0 (7hrs after gelation) to day 10 using a fluorescence microscope (Eclipse TE 2000E, Nikon, Melville, NY), a cooled CCD camera (Sensicam QE, Cooke Corp., Auburn Hills, MI) and IPLab software (BD Biosciences, Rockville, MD). Note that throughout the text, these gels are referred to as either "pure" (1:0, 0:1) or collagen/fibrin composites, with understanding that 10% v/v matrigel was also included in all of the pure and composite gels.
Morphometric Assessment of Tissue Networks
Three-dimensional video-rate optical coherence tomography (OCT) [21] was used to noninvasively acquire volume images of the same tissue network on culture days 1, 4, 6, 9, 11 and 15. Tissue thickness was measured by averaging multiple OCT cross-sections of the sample using ImageJ software (NIH, Bethesda, MD). The obtained values were expressed relative to the height of the PDMS mold to quantify the decrease in tissue thickness with culture time due to cell-mediated gel compaction. The thicknesses of the tissue networks fabricated using 0.8mm, 1.2mm and 1.8mm tall PDMS molds were compared on culture day 15 (12 days after the onset of differentiation).
The maximum length and width of individual network pores and the minimum width of the tissue bundles were also measured on culture day 9 (6 days after the onset of differentiation) using phase contrast microscopy and ImageJ software. Because the entire tissue network is composed of repeating identical rectangular subunits (Figure 2 .A1), the overall tissue porosity was determined by averaging the ratio of the acellular area to the total area in 3 representative subunits of each tissue network. The dependence of the resulting tissue network pore dimensions and the total porosity as a function of the length of the hexagonal PDMS posts was studied for three different network types fabricated using post lengths of 1120μm, 1330μm and 1613μm. Obtained images were analyzed using Matlab (Mathworks, Natick, MA) and measured values were expressed relative to the initial values prior to gel compaction.
Quantification of cell alignment
The degree of cell alignment was quantified from phase contrast microscopic images taken by a CCD camera (Sensicam QE) at 7× magnification using an image intensity gradient algorithm adapted from Karlon et al. [22] . Local cell orientation vectors were obtained in each 50μm×50μm subregion and the deviation of the vector angles from the mean angle of all the vectors was used as a measure of the degree of cell alignment (with 0° and 45° deviations respectively representing perfect and random alignments). Cell alignments in the repeating rectangular subunits of the tissue networks (i.e. around the tissue pores) were measured from composite microscopic images and averaged to obtain the global cell alignment within the network on culture day 13 (10 days after the onset of differentiation). Average alignment in the network bundles formed between the tissue pores was obtained by analyzing 4 different bundles per tissue network. The results were compared with those obtained in the non-porous tissue sheets on the same culture day.
Cell viability
The 5 day old tissue networks and non-porous sheets made of mouse C2C12 myoblasts were washed with PBS and incubated with agitation for 30min at 37°C in DMEM medium containing 5μM SYTO13 green nuclear stain (Molecular probes) to label all cells and 4μM ethidium homodimer-1 (EthD-1, Molecular probes) red nuclear stain to label dead cells. Confocal microscopic images of the stained cell nuclei at a tissue depth of 40μm were analyzed using a nuclei counting algorithm written in Matlab to determine the cell viability (i.e., (total number -number of dead)/total number of cells).
Histological assessment
For conventional histology, tissue networks were fixed in formalin at 4°C overnight, dehydrated in ethanol, embedded in paraffin, sectioned into 10μm sections and stained with hematoxylin and eosin (H&E) [23] . Alternatively, tissue networks were fixed with 4% formaldehyde for 20 min at room temperature with agitation, soaked in sucrose solutions of increasing concentration, embedded in O.C.T. medium (Tissue-Tek) on dry ice, cryosectioned into 20μm sections and immunostained with FITC-conjugated phalloidin (Sigma) and DAPI (Sigma).
Immunostaining
Cells were fixed with 4% formaldehyde for 10 min (monolayers) or 20 min with agitation (tissue networks and sheets) at room temperature, permeabilized with 0.5% Triton-X, blocked with 20% chicken serum in 1% bovine serum albumin (BSA) and incubated with primary antibodies (sarcomeric α-actinin, Sigma; MyoD, BD; myogenin, SantaCruz Biotech, Santa Cruz, CA) overnight at 4°C. Secondary antibodies (Alexa488 and Alexa594, Molecular Probes) were then applied together with a nuclear dye (DAPI or PI) or FITC-conjugated phalloidin for 1hr (monolayers) or 2∼3 hrs with agitation (tissue networks) at room temperature [23] . Images were acquired using a fluorescence microscope (Eclipse TE 2000E) or a Zeiss confocal microscope (LSM510, Carl Zeiss MicroImaging Inc., Thornwood, NY).
Statistics
Data are expressed as mean±SD. Statistical significance was determined by student t test between two groups and one-way ANOVA test among three and more groups. Differences were considered to be significant when p <0.05. Correlation was assessed using linear regression analysis.
Results
Mold fabrication
We compared two microfabrication methods to create the master templates, i.e., standard photolithography with SU8 photoresist and rapid photopatterning with Norland 81 adhesive. Standard photolithography required a longer processing time (>30hrs) but provided feature heights of up to 2mm with feature dimensions down to 200μm (i.e., up to a 10:1 aspect ratios), compared with rapid photopatterning, which had processing times of less than 12hrs but yielded feature heights of up to 1mm with sizes down to only 400μm (i.e., ∼2.5:1 ratios). The silanized SU8 photoresist templates could also be repeatedly used to cast PDMS molds (tested >5 times) while solidified Norland 81 adhesive patterns were limited to 1-2 times of usage because of the damage to the master template caused by the stress encountered during removal of the molded PDMS. For both methods, the obtained PDMS molds could be reused for several tissue cultures.
The PDMS molds were designed to contain an array of staggered PDMS posts positioned in the centers of the repeating rectangular subunits (Figure 2 .A1). The shape and size of the posts and interpost distances could be systematically varied by modifying the design of the photomask (Figure 2 .A1&2) and the resulting master templates (Figure 2 .B1&2). The height of the photoresist determined the height of the posts and could be varied within a given range of aspect ratios (up to 10:1) while maintaining the high accuracy of fabrication (i.e., sharp features, Figure 2 .B1&2). The overall size of the PDMS molds (Figure 2 .C1&2) determined the size of the tissue constructs. Different initial dimensions of the microfabricated PDMS posts combined with cell-mediated gel compaction were used to obtain a variety of the tissue network topologies (Figure 2 .D1&2).
Cell mediated gel compaction
To understand the factors that control the network geometry and cell alignment, we first undertook a series of measurements to characterize skeletal myoblast-mediated compaction of two naturally derived hydrogels, collagen and fibrin, as they have been previously reported to support high viability and spreading of skeletal myoblasts [4, 5] . A simple gel disk assay ( Figure  3 .A1) was conducted using C2C12 myoblasts to characterize the time course of the cell/gel compaction and examine the influence of gel composition (i.e., the mixing ratio of collagen and fibrin gels) on the degree of compaction. The compaction largely occurred in the first 2 days after gelation while the disk diameter remained unchanged after day 6 (Figure 3 .A2). The "pure" collagen gel compacted significantly less than the "pure" fibrin gel (69.5±3.7% vs. 80.5 ±2.1% decrease in the disc diameter after 10 days, n = 3). The composite gels compacted to a similar level independent of the fraction of fibrin (collagen:fibrin 3:1, 77.5±0.4%; 1:1, 77.3 ±1.1%; 1:3, 81.5±2.2% decrease in the disc diameter after 10 days, n = 3 for each group). The increased compaction of fibrin containing disks appeared to occur due to the increased volume loss immediately upon gelation (Figure 3 .A2).
The compaction of gels with different collagen:fibrin ratios was also tested in tissue networks made of the primary rSKMs. Interestingly, after the rSKM differentiation was initiated, tissue bundles in the networks containing collagen gel exhibited significant thinning and eventually ruptured. In particular, the rSKM tissue networks made of "pure" collagen gel ruptured as early as 3-4 days after switching to the differentiation medium (Figure 3.B1) , concomitant with the myotube fusion and the onset of spontaneous contractions, while the networks made of composite gel with a 1:1 collagen:fibrin ratio ruptured on differentiation days 10-11 ( Figure  3 .B2) when the tissue contractions were the most vigorous. In contrast, tissue networks composed of only sporadically contracting C2C12 myotubes in collagen containing gels remained intact even after 14 days of differentiation. Importantly, despite significant thinning of the tissue bundles and continuous contractions, the tissue networks made of "pure" fibrin gel remained intact during the entire course of study, i.e., up to 17 days of differentiation ( Figure  3.B3) , and therefore, the fibrin based tissue constructs were used for all the remaining experiments.
Based on non-invasive 3D OCT measurements (Figure 3 .C1), the final decrease in the thickness of rSKM fibrin gel networks was found to be similar to that of the diameter of the C2C12 myoblast disks (compare Figure 3 .C2 and 3.A2). Simultaneously, the time course of gel compaction for the primary rSKMs was slower than for C2C12 myoblasts, possibly due to a longer time required by the rSKMs to recover from enzymatic isolation. By varying the height of the PDMS molds, the final thickness of the formed tissue networks was varied in a linear fashion (Figure 3.C3) , from 153.0±17.1μm for 0.8 mm tall molds (n = 6) and 255.6±11.1μm for 1.2 mm molds (n = 6) to 366.1±12.2μm for 1.8 mm molds (n = 4). The final percent reduction of tissue thickness due to gel compaction remained consistent for different mold heights averaging to 79.8±1.3% after 12 days of differentiation (Figure 3 .C3).
Control of pore dimensions and overall tissue porosity
The initial pores in the skeletal muscle tissue networks were created by gel formation around the PDMS posts. Subsequently, the pore area was gradually enlarged during the process of cell-mediated gel compaction. The spatial distribution and dimensions of the microfabricated posts directly determined the shape and size of the resulting pores. Specifically, the elongated hexagonal shape and the staggered arrangement of PDMS posts directed the gel anchoring against the longitudinal post ends during the process of gel compaction, yielding the formation of symmetric elliptical pores with lengths equal to the post length (Figure 4.A1-3) . Simultaneously, as gel compacted, the width of the pores and the width of the tissue bundles formed between the pores respectively increased and decreased relative to the values before gel compaction (set by the mold dimensions). Quantitatively, for increasing post lengths of 1120±20μm, 1330±13μm, and 1613±17μm (n = 5 for each group) and initial pore and bundle width of 418±30μm and 402±17μm, respectively, the resulting pore widths in 9 day old networks were found to be 1.34±0.02, 1.71±0.07, and 2.07±0.07 times larger than the initial pore width, (Figure 4 .B1) while the resulting tissue bundle widths were 1.21±0.05, 1.30±0.03, and 1.49±0.04 times smaller than the initial bundle width (Figure 4.B2) . As a result, longer posts also yielded increased tissue porosity (percent of void area within the network) relative to that before the gel compaction (Figure 4.B3) . Notably, the length of the posts appeared linearly related to gel compaction-induced changes in pore and bundle width as well as tissue porosity (Figure 4.B1-3 ). This simple relationship was not found for the quadrangular posts (Figure 2.A2) . Therefore, controlling the dimensions of the hexagonal posts (at least within the studied limits) allowed predictable and independent control of both the height and the porosity of the resulting tissue networks.
Uniformity of cell alignment in tissue networks
The use of elongated hexagonal posts to control the spatial pattern of gel compaction not only allowed the precise control of the pore dimensions, but also served to locally guide the cell alignment within the resulting tissue bundles between the pores. Considering that tissue networks consisted of repeating rectangular subunits with similar tissue structure ( Figure  2 .A1), we compared the global cell alignments ( Figure 5 .A1-3) in networks, as well as the alignments within the tissue bundles ( Figure 5.C1-2) , by studying representative network subunits. For all the three studied post lengths, the mean (global) cell alignment in the network was directed along the long axis of the posts ( Figure 5.A1-3) . The deviations from the global alignment (22.8°±1.1°, 28.8°±1.9° and 25.3°±0.6°, Figure 5 .B1) but not the deviations within tissue bundles (12.5°±3.5°, 12.1±3.9° and 11.8±3.7°, Figure 5 .C3) significantly differed for the three post lengths, suggesting pore shape as one of the factors that determined the cell alignment in the network. In particular, the cells were expected to better align along more elongated pores and at locations closer to the pore boundary. Therefore, the deviation from the unidirectional cell alignment in a subunit was correlated with pore elongation (i.e., pore length divided by pore width) normalized by the tissue area in the subunit (Figure 5.B2) . A linear correlation (r = 0.87) was found for a range of cell alignments suggesting that normalized pore elongation could be used as a geometrical parameter predictive of global cell alignment within the network. Finally, both the global and bundle cell alignments in engineered tissue networks were superior to virtually random cell orientation found in non-porous tissue sheets (deviation of ∼40°, Figure 5 .B1 and 5.C3).
Cell viability, distribution and differentiation in tissue networks
The microfabricated tissue pores were expected to promote cell viability within tissue constructs by improving the nutrient and oxygen transfer to the cells. The cell viability after 5 days of culture at a tissue depth of 40 μm was significantly higher in the porous tissue networks (94.3±1.7%) than in the corresponding non-porous tissue sheets (90.6±1.7%) fabricated using the molds of the same height ( Figure 6 ). The spatially uniform cell seeding within the hydrogel and the initial gel compaction resulted in the even distribution and uniform alignment of cells throughout the tissue depth as early as 3 days after seeding (Figure 7 .A1&2), when the cell differentiation was initiated using a low serum medium. With further gel compaction, cell density and alignment significantly increased through culture day 5 (Figure 7 .B1). After 4-6 days of differentiation, the bundle and pore dimensions within the network were stabilized (Figure 7 .C1) and the networks anchored to the Velcro frames could be transferred by forceps without any damage (Figure 1.D) .
Fusion of myoblasts into myotubes was evident within 1-2 days after the onset of differentiation (Figure 7.B2&3) followed by the occurrence of spontaneous myotube contractions on differentiation day 4 (see supplemental movie). This spontaneous activity became more synchronized and stronger by differentiation day 10 and then slowly ceased by days 12-14. The onset of spontaneous contractions coincided with the occurrence of cross-striated myotubes that expressed myogenin (a regulatory transcription factor involved in the myogenesis). By differentiation day 7, almost all of the myogenin-positive nuclei resided in the cross-striated myotubes (Figure 7 .C2&3). The percent of myotubes exhibiting crossstriations was already 88±5% at differentiation day 7 (estimated from multiple confocal sections) with no further increase observed between days 7 and 14 (not shown).
To quantify the fraction of cells that underwent fusion and myogenesis we counted the percent of myogenin-positive nuclei in the 2D monolayer cultures (Figure 8.A1) , the non-porous tissue sheets (Figure 8.A2 ) and the porous tissue networks (Figure 8 .A3) after 4 days of differentiation. The fraction of myogenin-positive nuclei was higher in the tissue networks (70.5±4.7% of the total nuclear count, n = 7) than in the tissue sheets (56.6±7.1%, n = 5) and monolayers (32.7±7.1%, n = 8) (Figure 8.B) . Therefore, the 3D culture environment of the tissue networks and sheets prevented significant proliferation of non-myogenic cells compared to the 2D environment of the monolayers, yielding a substantially higher fraction of myogeninpositive cells. Furthermore, virtually all myoD-positive myoblasts (initially 80% of cells) in the tissue networks fused into myogenin-positive myotubes and underwent further maturation into aligned striated myofibers. In contrast, the same age non-porous 3D tissue sheets with randomly oriented cells still contained myoD-positive nuclei (data not shown) and exhibited lower percent of myogenin-positive cells (Figure 8.B) , indicating that the local myoblast alignment, specific strain patterns, and/or improved mass transfer through the tissue pores may all have contributed to superior myoblast fusion and maturation within the network vs. sheet 3D environments.
Control of the regional myofiber alignment
The ability to precisely control local myofiber alignments within the relatively large engineered muscle tissues may allow for the more efficient structural and functional repair of complex muscle injuries (e.g. during aesthetic reconstructions). To demonstrate the ability to locally control myofiber directions in the tissue networks, we fabricated an abrupt change in the orientation of the hexagonal posts in adjacent regions of the PDMS mold ranging from 30° to 90° (Figure 9 .A1-4). The tissue bundles that formed between the pores rapidly changed orientation within the 500μm wide border between the two regions. When traversing the border, long myotubes curved to adapt to changes in the pore and bundle orientation (Figure 9 .B1&2). Conceivably, by controlling the shape and orientation of the individual posts within the mold, the local directions of the muscle bundles and myofibers could be arranged into customized tissue structures with potential to better "blend in" with the host muscle upon implantation.
Discussion
We developed a cell/hydrogel micromolding approach for the reproducible fabrication of relatively large skeletal muscle tissue networks made of viable, densely packed, highly aligned, cross-striated, and spontaneously contractile myofibers. The precise design of PDMS molds containing an array of staggered, pore-generating posts allowed us to systematically control engineered tissue size, thickness, and porosity. The presence of microfabricated tissue pores facilitated nutrient and oxygen transport within the relatively thick (127 -384 μm) and metabolically active muscle constructs, thereby increasing the cell viability compared to that of non-porous muscle sheets and enabling the uniformly high cell density throughout the entire tissue volume. Simultaneously, the shape, distribution and orientation of the elongated PDMS posts governed the local cell-mediated gel compaction and enabled control of cell alignment over a relatively large area (0.5 -2 cm 2 ). The 3D muscle tissue network environment limited the proliferation of non-myogenic cells and promoted the myoblast fusion and formation of myogenin-positive myofibers compared to both 2D myoblast monolayers and 3D non-porous muscle sheets.
Rapid 3D prototyping techniques have been recently employed for the production of solid polymer scaffolds with controlled pore size and geometry [24] . However, these scaffolds are unsuitable for the engineering of dense and highly ordered muscle tissues due to: 1) the discontinuities in tissue structure created by the polymer scaffold and 2) the random structural and biochemical changes that would result from the polymer degradation. Alternatively, photopatterning and stereolithographic techniques have been used to directly fabricate soft tissue constructs in the form of reproducible, cell-laden hydrogel structures [25] . In particular, layer-by-layer assembly of photopatterned poly-ethylene glycol (PEG) hydrogels yielded the formation of functional 3D hepatic tissue constructs with complex internal architecture and controllable porosity [14] . Spatiotemporal 3D patterning of ligands, growth factors, extracellular matrix components and controlled release particles in microfabricated PEG hydrogels was also demonstrated using similar methods [26] . However, the ability of modified and unmodified PEG hydrogels to support cell proliferation, adhesion and spreading is, in general, inferior to the naturally derived gels, such as fibrin and collagen. Importantly, unlike fibrin and collagen gels, PEG hydrogel does not undergo significant cell-mediated compaction that allows for the: 1) high ultimate tissue density and 2) induction and control of cell alignment by applying specific geometrical constraints, both of which are required for the engineering of functional muscle tissues.
Therefore, for the fabrication of skeletal muscle tissue networks in this study, we relied on the ability of skeletal myoblasts to exhibit stress fibers and undergo alignment when collagen and fibrin gel compaction is restricted by immobilization at one or more surfaces or points [5, 13] . Theoretical models predict that this cell alignment arises from the imposed strains on the gel [27] . Compaction of the gel is critically dependent on the engagement of integrins to the cytoskeleton and contraction of the cytoskeleton. The stiffness of the 3D reconstituted tissue is dependent upon actin polymerization inside the cells [28] and the spatial rearrangement of gel fibers and has been shown to increase with gel compaction [29] . Following compaction, the mechanical strength increases further as collagen and other extracellular matrix proteins are synthesized by cells in a proper 3D orientation [30] . This phenomenon has been previously utilized to induce alignment of muscle cells in engineered blood vessels [30] , skeletal and cardiac muscle bundles [5, 13, 31] and heart valves [32] . Nevertheless, as the specific geometrical constraints [12] were only applied at the outer boundary of the gels, these methods were limited to achieving uniform cell alignment in tissues with simple geometry (e.g., thin muscle bundles [5, 13] or rings [33] ) or a rough control of bulk cell alignment within a relative large tissue area (e.g., heart valves [32] ). In the current study, gel compaction between the boundaries of staggered hexagonal posts was utilized to create a large number of interconnected muscle bundles containing highly aligned cells. Importantly, control of the post geometry, orientation and distribution allowed for the precise control of the local myofiber alignment throughout the entire tissue area.
In the specific setting of the micromolded muscle tissue networks, the Velcro® frame was used to control (constrain) the total network area while enabling the unconstrained compaction of the tissue thickness. Unconstrained gel compaction to 20∼30% of initial gel dimensions exerted by the primary neonatal rat and mouse C2C12 skeletal myoblasts in this study ( Figure  3 .A2&C2) is similar to those previously shown for C2C12 myoblasts and human fetal and adult skeletal muscle cells [5, 13] , but lower than the compactions induced by neonatal rat cardiomyocytes [31] , rat aortic smooth muscle cells [11] or bovine chordal fibroblasts [34] , confirming the dependence of the degree of gel compaction on the specific cell type. Furthermore, the higher skeletal myoblast-mediated compaction of fibrin versus collagen gels found in this study was consistent with previous findings for rat aortic smooth muscle cells [11] . In contrast to the unconstrained gel compaction (Figure 3.A1) , where the initial tissue area decreased ∼25 times (∼5 times for each dimension), constrained gel compaction in the tissue network plane yielded only a 1.4-1.7 times decrease in the total gel area (i.e., a 1.5-1.9 times increase in the tissue porosity, Figure 4 .B3). Notably, this increase in the tissue porosity and the decrease in the bundle width were linearly related to the length of the hexagonal posts (Figure 4 .B2&3). While cell alignment within the tissue bundles was not affected by the post length, the overall (global) cell alignment in the tissue network could be predicted by measuring a geometrical parameter related to the pore length-to-width ratio (elongation) per tissue area ( Figure 5 .B2). Taken together, the described micromolding approach allowed the independent control of the engineered muscle thickness, porosity, and cell alignment in a predictable and reproducible fashion, by controlling the thickness of the PDMS mold, the length and width of the hexagonal post and the area of the tissue network subunit (Figure 2.A1 ).
An interesting finding of this study was that the vigorous contractions of differentiated skeletal myofibers resulted in the rupture of collagen but not fibrin gel based tissue networks. Higher mechanical stability of the contracting cell-laden fibrin gels in this study may stem from the improved endogenous synthesis of extracellular matrix proteins (e.g. elastin, collagen I) that was previously shown to occur in smooth muscle cells and dermal fibroblasts embedded in fibrin compared with collagen gels [35, 36] . In addition, fibrin fibers have been shown to exhibit two orders of magnitude lower stiffness (Young's modulus, ∼15 MPa) than collagen fibrils (2 -5 GPa) [37, 38] and, similarly, pure fibrin gel based smooth muscle tissue constructs were found to be more compliant than those made of a mixture of collagen and fibrin gels or collagen gel alone [11] . Therefore, the relatively thin network bundles with aligned, densely packed and spontaneously contractile myofibers may be less prone to rupture when made of more elastic fibrin gel than stiffer collagen gel. However, it is also possible that the lower myofiber density and/or larger bundle diameter, previously used for the engineering of single collagen gel based muscle bundles, would yield lower contractile forces and therefore allow for the long-term culture of intact muscle tissue networks made of the collagen gel.
The potential of bioartificial skeletal muscle to generate contractile forces comparable to those of the native muscle is critically dependent on the ability to engineer dense, uniformly aligned, and differentiated myofibers throughout the entire tissue volume. The superior force generating capability of the muscle tissue networks is expected to arise from high myoblast density and alignment that both mimic native tissue structure and facilitate muscle fusion and maturation (Figures 7&8). On the other hand, the necessity to introduce pores (i.e., space void of muscle fibers) within the engineered muscle in order to facilitate metabolic supply to the embedded cells and fabricate thicker tissue constructs is expected to adversely affect the tissue tensile strength and generated contractile force. Therefore, in order to maximize the force generating capability of the engineered skeletal muscle tissue networks, the tissue porosity should be minimized under conditions of high cell viability, density and alignment. This goal could be achieved by creating PDMS molds with tall and thin posts via the use of high aspect ratio microfabrication. While our current ability to fabricate relatively thick (several hundreds of microns to millimeters) features with 10:1 aspect ratio is already approaching the limits of the UV photolithography, other techniques such as X-ray lithography [39] and high resolution stereolithography may offer room for further improvements. In addition, minimizing the deviation from the global and local unidirectional myofiber alignment within the engineered muscle tissue is expected to further augment the generated contractile force (in the direction of the cell alignment). While it is apparent that the elongated pore shape and uniform pore distribution are needed to induce cell alignment throughout the tissue network, a particular post geometry (e.g., hexagon, rectangle, diamond) and subunit size that would yield maximum local and global cell alignment are still to be determined. Future computational and experimental studies are thus warranted to investigate the role of muscle tissue network topology in the generation of contractile force. Finally, stacking the multiple networks (either in vitro or during implantation), while maintaining the tissue porosity and viability, may further augment the force generation capacity of the engineered muscle tissue networks.
It is important to note that similar to other skeletal and cardiac muscle tissue engineering approaches with hydrogel scaffolds [5, 13, 33] , Matrigel was also used in this study to promote muscle cell spreading and differentiation. It is well recognized, however, that Matrigel can not be used in human studies due to its murine origin and potential tumorigenicity. Instead, a defined combination of extracellular matrix proteins and/or growth factors similar to those identified for engineered cardiac tissues [40] , or a reconstituted human derived basement membrane matrix [41] will need to be developed to enable potential translation of this and similar approaches to clinics. Furthermore, a Velcro frame was used in this study (and studies by others [5, 13, 31] ) to anchor the cell/gel mixture and, by acting as a surrogate for the native tendon, facilitated the generation of passive tension and cell alignment. Although maintaining the tension of engineered muscle for a certain period after implantation will likely be necessary to prevent its atrophy, Velcro will not be used for this purpose because of its potential to cause tissue inflammation. Instead, tissue engineered tendons or segments of native tendon [42] or porous anchors made of biocompatible materials (e.g. polyurethane, polycaprolactone, BioVyon [43] , etc.) will be used to facilitate the surgical attachment of the engineered muscle to the host tendon or bone.
Conclusion
This study describes a cell/hydrogel micromolding approach to fabricate porous skeletal muscle tissue networks composed of densely packed, uniformly aligned and highly differentiated muscle fibers. Specifically, control of the size and elongation of microfabricated network pores in this system enabled independent control of the tissue porosity (i.e., metabolic supply) and 3D cell alignment. The reproducibility and versatility of the proposed approach rely on the use of CAD techniques to generate arbitrary photomask drawings and in turn yield the fabrication of tissue-specific PDMS molds, as well as the ability to repeatedly cast and reuse different PDMS molds to generate muscle tissues with highly reproducible and controllable 3D architecture. In the future, the versatility of the described methodology is expected to enable the engineering of customized functional skeletal muscle tissue substitutes for the reconstruction of the damaged muscle in a variety of pathological conditions.
Supplementary Material
Refer to Web version on PubMed Central for supplementary material. (A1-4) Phase contrast images of the repeating subunits for three types of tissue networks (N1-3) described in Figure 4 and a non-porous tissue sheet (A4). Blue grids denote square tissue subregions used to construct local cell alignment maps. Direction of cell alignment in each subregion is denoted by a blue line. Corresponding average histograms of local alignment angles with mean and standard deviation (alignment deviation) are shown underneath the phase contrast images. 0° and 180° denote the horizontal direction while 90° denotes the vertical direction. Note bimodal shape of angle distribution in tissue networks due to the divergence and convergence of the muscle fibers around the vertically oriented pore (i.e. around ∼90°). 
